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1. Introduction

1.1. The Prairie Vole

Prairie voles (Microtus ochrogaster) are 
small Avicoline rodents native to central and 
mid-west United States and south-central 
provinces of Canada (Cassola, 2016). Prairie 
voles are a uniquely notable species because 
(1) a rich literature on their natural history and 
behavioral ecology exists (Fitch 1957; Getz 
and Hofmann 1986; Getz and Carter 1980), 
(2) prairie voles adapt extremely well to labo-
ratory environments (Carter et al. 1986), (3) 
scientists can leverage many of the tools de-
veloped in other more classic rodent mod-
els due to the prairie vole’s phylogenetic re-
lationship to them (Donaldson and Young 
2008; McGraw and Young 2010), and (4) they 
share some relatively rare but defining be-
haviors with humans (i.e., communal living, 
social monogamy, and biparental care)(Lu-
kas and Clutton-Brock 2012; Kleiman 1977; 
Carter 1998; Dewsbury 1981). Indeed, prairie 
voles and several congener species (includ-
ing meadow voles [M. pennsylvanicus], pine/
woodland voles [M. pinetorium], montane 
voles [M. montanus], and Mandarin voles [M. 
mandarinus – sometimes called Lasipodo-
mys mandarinus]) represent a tremendous 
opportunity to understand the evolution and 
expression of social behavior (McGraw and 
Young 2010; Insel and Shapiro 1992; Gewirtz 

and Yong-Kyu 2016), and are well suited to 
serve as models for several aspects of hu-
man social behavior and dysfunction (Carter 
2007; Young 2001; Young et al. 2002; Carter 
2005; Beery and Kaufer 2015). 

Studies of natural history beginning in 
the mid-20th century have yielded a rich 
and well-documented behavioral ecology 
for voles (Fitch, 1957; Getz et al., 1981). At 
the same time, prairie voles are particularly 
exciting for translational research because, 
unlike many mammals, this species exhibits 
rare social characteristics similar to humans: 
social monogamy and biparental care (Getz 
et al., 1981; Kleiman, 1977). Knowledge of 
the natural history and behavior of this spe-
cies has allowed researchers to design and 
conduct experiments specifically relevant to 
questions that address their evolved social 
behaviors that parallel those seen in humans. 
For example, prairie voles form monogamous 
pairbonds with the opposite sex in both the 
laboratory and the field (Williams et al. 1992; 
Getz et al., 1981). Moreover, effort to unravel 
the neurobiological mechanisms that govern 
this behavior has yielded major advances 
that can inform individualized treatment and 
prevention of a number of behavioral disor-
ders characterized by social deficits, anxiety, 
and aggression (e.g., autism-spectrum and 
anxiety disorders) in both children and adults. 
Because prairie voles exhibit biparental care 
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and alloparental care, they are also an excel-
lent species for understanding the mecha-
nisms underlying parental care (Ahern et al., 
2011; Kenkel et al., 2017). The relatively short 
developmental period of voles (21 days from 
birth to weaning; 45-60 days from birth to sex-
ual maturity) and reliable laboratory breeding 
allow for the study of developmental ma-
nipulations on social behavior and the brain 
later in life (Prounis et al., 2015; Hammock, 
2015). Prairie voles are also used for study-
ing reproductive tactics and space use (Ophir 
et al., 2008; Okhovat et al., 2015), and for 
understanding addiction and reward-circuitry 
(Aragona et al., 2007; Ryabinin and Hostetler, 
2016). Overall, prairie voles offer insight into 
the neural mechanisms underlying numerous 
behaviors ranging from affiliation to aggres-
sion, anxiety, and addiction. In short, studies 
using prairie voles are uncovering the com-
plex neural circuitry underlying pairbond for-
mation, monogamy, and other important ele-
ments of sociality (Young and Wang, 2004; 
Gobrogge and Wang, 2016; Amadei et al., 
2017).

Although the prairie vole has been used 
for neuroscience experiments for decades, 
to our knowledge, there lacks a literary ref-
erence for details pertaining to stereotaxic 
surgeries. Here we hope to contribute to the 
transparency of surgical methods in order to 
facilitate manipulative studies of the brain in 
the research community.

1.2. Stereotaxic Surgeries

In order to understand direct contributions 
of neural circuitry to various behaviors in the 
prairie vole, many researchers utilize stereo-
taxic surgeries such as cannulations or micro-
injections. These stereotaxic surgeries allow 
for controlled, direct manipulation of the brain 
in awake and behaving animals. Stereotaxic 
surgery via microinjection or cannulation al-
lows researchers to study the direct effect of 
an injectable of choice (in liquid suspension) 
on behavior, or to determine the physiological 

or molecular effects of an injectable. In this 
case, cannulation involves inserting a hollow 
tube into the brain. Once inserted and se-
cured, the injectable of choice can be infused 
through the cannula. Injections can be contin-
ual, periodically repeated, acutely repeated, 
or one time. Although cannulae are relatively 
stable after implantation, there is a chance 
that the cannula can be dislodged during ei-
ther behavioral testing or the daily activities of 
the animal. As an alternative, microinjections 
are limited to one-time injections, but are not 
associated with head-gear and enable an ani-
mal to move naturally and freely after surgical 
recovery. 

Whether with cannulation or microinjec-
tion, the injectable can be many things. Ex-
amples of injectables include a drug, purified 
hormone or other signaling molecule, a syn-
thesized receptor agonist or antagonist, an 
oligonucleotide (oligo) construct designed to 
target a gene of interest, or a virally packaged 
construct capable of delivering genetic mate-
rial that encodes a particular gene of interest 
or tools enabling chemogenetic manipula-
tion. The cannulation and microinjection pro-
cedures make it possible to manipulate the 
whole brain via infusion of an injectable of 
choice into the ventricles (commonly referred 
to as intracerebroventricular [icv] injections) 
or with more precision in a site-specific way 
by targeting a particular region of the brain. 

The power of cannulation and microinjec-
tion cannot be understated in terms of help-
ing behavioral neuroscientists understand the 
mechanisms underlying animal behavior. For 
example, chemical lesions of brain areas can 
be achieved through these procedures (Al-
berts 1979) and have served as a cornerstone 
of behavioral neuroscience. Similarly, studies 
utilizing receptor antagonists delivered into 
the ventricles of prairie voles have elucidated 
neurochemical underpinnings of pairbond for-
mation (Donaldson et al., 2010). Antisense oli-
gonucleotides have been used to knockdown 
peptide production in specific brain regions. 
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For instance, this has been done in rats to in-
hibit nonapeptide receptor production in the 
septum, revealing a role for septal nonapep-
tide receptors in anxiety-like behavior (Land-
graf et al., 1995). More recently, microinjec-
tions have been used to inject microparticle 
beads or nanospheres to effectively produce 
a slow-release implant effect in targeted brain 
regions. Choleris et al. (2007) infused mic-
roparticle beads containing antisense oligos 
into the medial amygdala of mice allowing for 
a timed release of antisense oligos over seven 
days, and identified the direct contribution of 
nonapeptide receptors in social recognition. 
Microparticle bead technology is of particular 
excitement to behavioral ecologists because 
it can theoretically allow neural manipulations 
of freely living animals under semi-natural or 
field conditions. Such studies can provide a 
complimentary line of research to laboratory 
studies, providing ecologically relevant infor-
mation about natural behavior.

Various other techniques to study the 
brain can also be done with the use of ste-
reotaxic surgeries. In prairie voles, implanta-
tion of microdialysis probes into specific brain 
regions have allowed for the measurement of 
hormone levels in the extracellular fluid in re-
sponse to various stimuli (Curtis et al, 2003). 
More recently stereotaxic surgeries have 
been used in voles to implement optogenetic 
manipulations. For example, quite impres-
sively, it is possible to bias a female prairie 
vole towards a male simply by activating a 
specific neural circuit via optogenetic stimula-
tion (Amadei et al, 2017).

Below we discuss stereotaxic methods 
used in our lab to conduct cannulation and 
microinjection surgeries in prairie voles. Many 
of the procedures for these surgeries can be 
adapted for other stereotaxic surgical proce-
dures. Finally, because of substantial species 
differences in responses to skull shape and 
composition and to anesthesia, translating 
surgical techniques across species or taxa 
can sometimes prove to be difficult. Thus, we 

discuss some differences between stereotax-
ic surgeries in prairie voles and surgeries in 
other species that are more commonly used 
for central manipulation.

2. Methods

2.1. Equipment

A complete list of equipment can be found 
in Table 1. For cannulation surgeries, all can-
nula components can be custom designed and 
ordered from PlasticsOne (Roanoke, Virginia, 
USA). This includes a guide cannula, which is 
implanted into the brain. Internal injectors are 
attached to polyethylene tubing to infuse sub-
stances through the cannula into the brain. 
Internal dummies remain inside the guide 
cannula at all times except during infusions. 
Finally, dust caps screw over the dummy and 
onto the cannula to cover the outside of the 
guide cannula, preventing unwanted particu-
lates from entering the brain. Skull screws are 
used to secure the cannula and mount to the 
skull. Surgical screws and an accompany-
ing screwdriver can also be purchased from 
PlasticsOne (screws: size 1/16, item number 
39052; screwdriver: SD96). Cannulae are 
mounted to the skull using Loctite 454 gel 
cured with dental acrylic liquid. In the case of 
microinjections, we have used glass pipettes 
and Hamilton syringes (7000 series; Ham-
ilton, Las Vegas Nevada). Custom needles 
from Hamilton (e.g., 26S, 1.5 in, 35 deg) have 
proven to be effective at accurately targeting 
our regions of interest. All equipment should 
be appropriately sterilized according to the 
Institutional Animal Care and Use Committee 
(IACUC) policy at the local institution.

Other equipment includes heating pads 
that are used to provide warmth to voles un-
der anesthesia and also during post-op re-
covery. An electric razor is used to shave fur 
from the top of the head. In some instances, 
hair removal products (such as Nair, Church 
& Dwight, Ewing, New Jersey) can be used 
instead of a razor. Sterile drapes should be 
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used accordingly for aseptic technique. Be-
tadine is used as an antiseptic for disinfect-
ing the skin prior to incisions of the scalp. It 
is important to use an ocular lubricant during 
anesthesia while blink reflex and tear produc-
tion is decreased to protect the eyes from dry-
ing out. Sterile cotton tipped applicators are 
used for applying Betadine and also for dry-
ing the skull prior to cannula implantation. A 
cauterizer is helpful for marking implantation 
locations. We use a dremel for drilling holes 
into the skull for placement of screws and the 
guide cannula, or for creating holes to allow 
for microinjection; a dental drill is also appro-
priate for this purpose. 

2.2. Anesthesia and fitting the vole 
to the stereotax

We use isoflurane to anesthetize our prai-
rie voles during surgery. Although injectable 
ketamine is often used to anesthetize mice 
and rats, we have had far more success using 
isoflurane (see ‘Troubleshooting’ below). Im-
portantly, there appears to be individual differ-
ences in isoflurane metabolism in the voles, 
so breathing should be constantly monitored 
throughout the procedure and isoflurane lev-
els adjusted accordingly. In our setup, medi-
cal grade oxygen (O2) flows through an iso-
flurane vaporizer into a custom built Plexiglas 
box, which is where our animals are initially 
placed for anesthesia delivery. A multi-valve 
manifold system allows for controlled direc-

tion of the anesthetic flow such that isoflurane 
+ O2 can be delivered to the box, directly to 
the stereotax, or to both simultaneously. Voles 
are anesthetized with isoflurane vapor deliv-
ered at 2-4% of O2 in the box for 3 minutes, 
and are then transferred to the stereotax. 

The anesthetized animal should be fit to 
the stereotax quickly before the transient ef-
fects of isoflurane wear off. To begin, place 
the animal on a platform to raise the body to 
an appropriate level. Platforms can be pur-
chased; however, a microcentrifuge tube rack 
or a calipers box can also be used. We use 
non-rupture ear bars with a 45° tip with a 
0.8 mm radius. The ear bars should be po-
sitioned on the stereotax in the approximate 
location, with one bar secured and the other 
left loose. Fit the animal in the apparatus by 
securing one ear bar first, then adjusting the 
other ear bar. The animal should be placed 
against the secured ear bar and the loose bar 
should be slid into place until the animal is 
secure. Once the animal is secured, the head 
position can be moved to align with the bite 
plate, by placing firm pressure on the ear bars 
toward the animal and simultaneously sliding 
the ear bars until the head is in the ideal posi-
tion. Care should be taken to avoid placing 
too much pressure on the animal, while also 
ensuring the animal is sufficiently secured. 
Ultimately, ear bars should be symmetrical 
and should fit snugly in the ears of the ani-
mal  (Figure 1a). 

Figure 1. Diagram of fitting a prairie vole in the ear bars (A) and bite plate (B) of a stereotax.

a) b)
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The bite plate (prairie vole adaptor, Kopf 
Model 928) is then slid toward the animal so 
that the maxillary incisors fit into the hole of 
the bite plate (Figure 1b). It can be helpful to 
use fine tipped forceps to prop open the ani-
mal’s mouth when positioning the upper teeth 
into the hole of the bite plate and to ensure 
the animals tongue is kept clear of the ap-
paratus. Lower or raise the bite plate to level 
the head with the rest of the body; do this 
with great care to avoid causing the animal 
pain. Once in position, the nose bar is gently 
screwed down to secure the vole’s head. The 
nose piece should hold the animal’s head in 
place with the least pressure possible. 

 Unfortunately, anesthesia masks are cur-
rently available only for mice and rats and 
these do not adapt well for the use of prairie 
voles. However, an anesthesia mask can be 
constructed using PVC tubing and stepped 
tubing connectors (or reduction couplers), 
(see section 2.5 for details). The tubing is 
connected to the isoflurane/valve rig and at-
tached over the prairie vole adaptor (bite 

plate; see Figure 2). This set up is very effec-
tive at keeping the animal anesthetized once 
the animal is in place, but it can also contrib-
ute to the challenge of quickly securing the 
anesthetized animal into the stereotax before 
it wakes. 

2.3. Cannulation

Once the vole is securely in the stereotax, 
it is covered with a sterile drape, and the fur 
is removed from the top of its head. Using a 
cotton-tipped applicator, rub the scalp with 
Betadine following good surgical practices. 
With a scalpel, make a ¾ inch incision to ex-
pose the skull and then scrape connective tis-
sue off of the skull (Figure 3a). A cotton-tipped 
applicator should be used to dry the skull. For 
cannulation surgeries, it is important for the 
skull to be clear of all connective tissue and 
completely dry so that the Loctite mount can 
successfully adhere. A polishing buffing pad 
or scalpel can be used to roughen the surface 
of the skull; this will improve the stability of 
the cannula mount. To ensure a clear work-

Figure 2. Example of anesthesia mask constructed from PVC tubing and stepped tubing connectors (or reduc-
tion couplers). The tubing is connected to the isoflurane/valve rig and attached over the prairie vole adaptor (Kopf 
adaptor model 928). There is a small slit in the back of the PVC tube, allowing the PVC tube to fit over the bite 
plate while still fitting under the nose bar.

a) b) 
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space, we use bulldog clamps to hold the skin 
away from the area of the skull where screws 
and the cannula will be implanted.

The surface of the vole’s head is then 
leveled by referencing lambda and bregma. 
For ease of visualization, we locate bregma 
through the use of a stereotaxic microscope. 
The stereotax is next advanced to the de-
sired coordinates with respect to bregma. 
We mark the location of where the cannula 
will be inserted using a cauterizer. In addition 
to the coordinates where the cannula will be 
inserted, we cauterize marks for the desired 
location for the skull screws (Figure 3b). We 
typically use 2 – 3 skull screws, depending 
on the target region and the size of the can-
nula. These will help stabilize the cannula on 
the skull. A small dremel bit (0.8 mm diameter, 
engraving bit 105) is used to drill the holes for 
the skull screws, whereas a larger dremel bit 
(1.6 mm diameter, engraving bit 106) should 
be used for drilling the holes for the cannu-
la. The screws should be put in place using 
a small screwdriver before lowering the can-
nula in order to avoid hitting the cannula after 

it has been advanced into the brain. There 
should be about an eighth of an inch between 
the head of the screw and the skull in order to 
avoid damaging the underlying cortex and to 
give the dental acrylic and Loctite gel some-
thing on which to bind.

After the cannula and the screws are in 
place, the cannula is affixed by building lay-
ers of Loctite cured with dental acrylic liquid. 
Start by applying the Loctite gel around the 
cannula and over the skull screws. Then us-
ing a cotton tipped applicator, dab the den-
tal acrylic liquid over the Loctite. The Loctite 
will be cured and hardened within seconds. 
Repeat this process and continue adding lay-
ers of Loctite until the screws are completely 
encapsulated and the base of the guide can-
nula is mostly covered and firmly in place (2-4 
layers depending on the size of the cannula). 

The dummy can then be inserted into the 
cannula, and the dust cap can be screwed 
onto the cannula. If necessary, apply sutures 
to close the incised scalp around the cannula 
mount. Apply Betadine over the sutured skin 

Figure 3. (A) View of exposed prairie vole skull while 
in stereotax. (B) Diagram of the top of a prairie vole 
skull showing good placement for screw holes in rela-
tion to the holes for cannula insertion.

a)

b)
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before preparing to remove the vole from the 
stereotax.

2.4. Microinjection

The protocol for microinjection is very 
similar to that just described for cannulation. 
In this case, the microinjection device (e.g., 
a glass pipette, Hamilton syringe, etc) will be 
connected to the injection arm above, and the 
arm should be rotated out of position before 
securing the animal. The animal should be 
secured into the stereotax as just described, 
and then an incision can be made sufficiently 
exposing the skull and the reference point 
(e.g., bregma). The skull should be cleared 
of connective tissue and dried. The injection 
arm should be rotated into place and the tip 
of the microinjection device should be aligned 
with bregma along the anterior-posterior and 
medal-lateral axes. The coordinates should 
be recorded and used to calculate the desired 
coordinates for the injection, at which point 
the injection arm should be positioned appro-
priately. The tip of the microinjection device 
should be lowered just above the skull and 
the positions should be marked (e.g., with a 
cauterizer or other effective method). The in-
jection device should be raised and cleared 
allowing access to drill holes into the skull 
at the desired location. We use the dremel 
106 engraving cutter (or 107 if a larger hole 
is needed) for this purpose. The injection 
arm should be returned to the original posi-
tion with accuracy (possibly realigned with 
bregma) and then inserted to the desired 
coordinates. Once the injection is complete, 
the injection arm should be retracted slowly 
until it is clear of the animal. Sutures (e.g., 
absorbable monofilament, reverse cutting 3/8 
size 4-0) should be used to close the incision 
under anesthetic and the animal should be 
placed for recovery. 

2.4. Recovery

Prior to removing the vole from the stereo-
tax, the isoflurane vapor should be slowly de-

creased to 0%. Remove any drapes, and then 
unscrew the nose bar on the bite plate. Care-
fully lift the vole’s jaw up to slide the maxillary 
incisors out of the bite plate. Lastly, remove 
the ear bars. The vole can then be returned to 
its cage, which should be placed on a heating 
pad for the first 30 minutes of recovery. Post-
op pain management protocols should be fol-
lowed according to institutional policy. 

2.5. Troubleshooting

As is the case with many species, prairie 
voles offer unique challenges for conduct-
ing stereotaxic surgeries. Ketamine is the 
most frequently used anesthetic for rodents. 
However, in addition to the challenges asso-
ciated with using a controlled substance, we 
have found that the efficacy of ketamine to 
anesthetize a prairie vole is highly variable, 
despite controlling for weight. The real-time 
control of the isoflurane dose throughout sur-
gery has resulted in zero animals prematurely 
waking up during surgery, and has resulted in 
very minimal mortality. From our experience, 
prairie voles are better able to metabolize low 
amounts of isoflurane delivered with O2, re-
sulting in a quicker recovery. For these rea-
sons, we recommend an isoflurane delivery 
system for anesthesia. However, if the use of 
ketamine is a preferred method of anesthetic, 
we have used a ketamine / xylazine mixture 
with success in the past. The specific doses 
should be developed in consultation with the 
appropriate veterinary staff, however, we 
have used a vigorously mixed 10:1 mixture 
of ketamine (20 mg/ml) and xylazine (2 mg/
ml). The cocktail should be administered at 
0.0025 - 0.0045 ml/g body weight, which will 
deliver 50-90 mg of ketamine and 5-9 mg of 
xylazine per kg. 0.3 ml of anesthetic will usu-
ally be sufficient for one animal. 

Unfortunately, an anesthesia mask cus-
tomized to fit the Kopf 928 prairie vole adap-
tor does not currently exist. We tried several 
permutations of combining the prairie vole, 
mouse, and rat adaptors with rat and mouse 
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anesthesia masks. Unfortunately, no combi-
nation resulted in the vole’s head being com-
pletely secure. Thus, we manufactured our 
own anesthesia mask using PVC tubing. This 
is a sufficient and an affordable alternative 
to custom designing and building an appro-
priately sized anesthesia mask for the prairie 
vole adaptor. We use ¾ inch diameter PVC 
tubing as the pass-through mask. A large hole 
to place over the snout of the vole was ap-
proximately 25 mm wide and 19 mm high and 
cut as an oval. This should be large enough to 
secure the animal, while being small enough 
to trap the anesthetic gas in the apparatus. 
Opposite of the larger hole, a small 4 x 2 mm 
hole was cut so that the bite place could be 
inserted directly into the tube. The bite plate 
should fit snugly within this smaller hole. The 
relatively large PVC tube is connected to 
stepping tube connectors (¾ inch to ½ inch) 
to connect to smaller and more flexible PVC 
tubing (½ inch diameter) that either delivers 
anesthetic to the animal or channels the an-
esthetic away to a vacuum system. The flow 
of anesthetic many need to be adjusted based 
on the different volumes of tubing used. 

Finally, cannulation in prairie voles can 
be challenging due to their lack of a calcified 
skull (Donaldson et al., 2010). The skull of a 
prairie vole is thinner than the skulls of rats 
and mice, and there is a greater risk that the 
cannula mount may crack the skull, result-
ing in minor movements and instability in the 
cannula and mount. We found that dental ce-
ment and dental acrylic to affix the cannula 
to the skull was not strong enough to keep it 
stable. However, we have had great success 
with stability by using Loctite cured with den-
tal acrylic liquid. 

3. Concluding Remarks
Prairie voles are an increasingly popular 

species for understanding the neural basis of 
affiliation, stress-coping, and reward-motivat-
ed behaviors. Using stereotaxic techniques, 
such as cannulation or microinjections, sci-

entists can directly manipulate areas of the 
prairie vole brain to reveal the underlying 
mechanisms of behavior. It is important to uti-
lize a comparative approach and to study the 
neural underpinnings of behavior in numer-
ous species to gain insight into how the brain 
has evolved (Kelly and Ophir, 2015). The re-
finement of stereotaxic techniques for use in 
nontraditional organisms, such as the prairie 
vole, has resulted in elegant experiments 
that contribute to a growing body of work that 
aims to understand convergent and divergent 
mechanisms of behavior and the unique ways 
in which the brain has changed over evolu-
tionary time.
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Table 1. List of equipment required 
for stereotaxic surgery.

General Surgery Equipment
Scalpel
Needle driver
Foreceps, needle nose
Foreceps, blunt nose
Sterile drapes
Heating pad
Sterile cotton-tip applicators
Ocular lubricant
Glass bead sterilizer
Sutures
Bulldog clamps
Electric razor
Betadine
Stereotaxic Surgery Equipment
Dissecting microscope Meiji Techno
Illuminator Dolan-Jenner
Isoflurane vaporizor Surgivet
Isoflurane
Medical grade oxygen Airgas
Dremel Dremel
Dremel 105 engraving cutter, 
0.8 mm diameter

Dremel

Dremel 106 engraving cutter, 
1.6 mm diameter

Dremel

Cauterizer
Non-rupture ear bar, 45° tip, 
0.8 mm radius

Kopf

Bite plate, prairie vole adaptor, 
Kopf model 928

Kopf

Cannulation Equipment
Guide cannula PlasticsOne
Dummy cannula PlasticsOne
Internal injector PlasticsOne
Dust cap PlasticsOne
Skull screws, size 1/16 PlasticsOne
Screwdriver PlasticsOne
Loctite 494 gel Loctite
Dental acrylic


